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ABSTRACT: The partition and self-assembly of a new generation of cyclic
peptide−polymer conjugates into well-defined phospholipid trans-bilayer
channels is presented. By varying the structural parameters of the cyclic
peptide−polymer conjugates through the ligation of hydrophobic and
hydrophilic polymers, both the structure of the artificial channels using large
unilamellar vesicle assays and the structural parameters required for
phospholipid bilayer partitioning are elucidated. In addition, temperature
was used as an external stimulus for the modulation of transbilayer channel
formation without requiring the redesign and synthesis of the cyclic peptide
core. The thermoresponsive character of the cyclic peptide−polymer
conjugates lays the foundation for on-demand control over phospholipid
transmembrane transport, which could lead to viable alternatives to current
transport systems that traditionally rely on endocytic pathways.

■ INTRODUCTION

The biological membrane is one of the essential components of
living cells.1 Besides forming a barrier between cells and the
external environment, it is an integral part of organelles and
functions primarily to maintain homeostasis in the cell and
within organelles. In order to preserve equilibrium across lipid
bilayers in Nature, transmembrane protein channels form
pathways that facilitate the regulation of ions, solutes, pH, and
water and maintain optimal conditions for cellular and
organelle environments. Despite the efficiency and selectivity
of the natural transmembrane channels, both practical and
large-scale production and the ability to tune their functionality
remain significant challenges. The pursuit for cost-effective
synthetic transmembrane channel alternatives for fundamental
research and applied research has therefore attracted much
attention in materials, chemical, and biological sciences in
recent years.
A viable route to create artificial transmembrane channels is

through molecular self-assembly.2−6 Particularly over the past
few years, evolution of molecular self-assembly from simple
building blocks has emerged as a versatile process to construct
functional, hierarchical transbilayer channel systems that are not
readily achieved through conventional (bio)organic synthesis
methods. Typical artificial channel architectures can be self-
assembled from crown ethers,7,8 cyclodextrins,9,10 steroids,11

oligoamides,12 and aromatic macrocycles.6,13,14 Recently, Chen
et al. synthesized a pillar[5]arene that was derivatized with
phenylalanine-containing peptide chains.14 The ligation of
peptide chains containing L-phenylalanine led to channels
with chiral cavities favoring transport of a select number of D-

amino acids, thereby mimicking the natural function of amino
acid transmembrane transporters.15 Another type of hierarch-
ical structure that can be self-assembled in lipid bilayers is based
on cyclic peptide nanotubes.5,16−18 These nanotubes are
especially intriguing because they offer a functional utility and
nanometer dimensions that are similar to transmembrane
protein channels found in Nature.19,20

Although cyclic peptides have shown some potential as
practical transbilayer transport channels for protons and
ions,16,21,22 glucose,23 and glutamic acid,24 more recent work
has focused on cyclic peptides as antibacterials.25−27 There are,
however, many exciting possible applications for cyclic peptide
channels, since they offer a direct transport route across the
phospholipid bilayer, and also provide a viable alternative to
endocytic transport, which results in the encapsulation of
solutes that ultimately require endosomal/lysosomal escape to
become active. However, modulation of phospholipid bilayer
partitioning behavior and channel formation has been achieved
to date through elegant yet complex syntheses, focusing on the
modification of the cyclic peptide amino acid residue
composition, for instance, with cyclic peptides containing a
glycosyl serine27 or γ-amino acids.17,28 Construction of large
libraries of different compounds is therefore time-consuming
and synthetically challenging, thus limiting applications.
In this manuscript we demonstrate how phospholipid bilayer

partitioning and channel formation can be achieved and finely
tuned, without redesigning the cyclic peptide core. The types of
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channels formed in the phospholipid bilayer are revealed using
large unilamellar vesicles (LUVs) containing entrapped
fluorescent dyes. Using a series of hydrophilic and hydrophobic
polymers ligated to the cyclic peptide moiety allowed for the
elucidation of structure−channel formation relationships. With
the knowledge gained, we demonstrate the formation of unique
temperature responsive transbilayer channels using cyclic
peptide−poly(N-isopropylacrylamide) conjugates. As a con-
sequence we envision that the research presented here will
open up new avenues for the creation of direct, nonendocytic
transport links across biological phospholipid membranes
without causing significant membrane distortion.

■ RESULTS AND DISCUSSION

Design and Synthesis Rationale. The cyclic peptide−
polymer nanotubes described herein are based on cyclic
peptides containing eight alternating α-D,L-amino acid
residues.31 The alternating α-D,L-amino acid configuration
leads to contiguous hydrogen bonding along the cyclic peptide
stacks since the amide bonds are projected perpendicular to the
plane of the cyclic peptide.29,30 In addition, the amino acid side
chains are projected out of the cyclic peptide plane in
pseudoequatorial positions, which allows for synthetic mod-
ification without causing interference with the nanotubular self-

assembly. An octameric cyclic peptide was chosen since
thermodynamic studies on the N-alkylated cyclic peptide
analogues indicated higher association constants for these
than for cyclic peptides consisting of 4, 6, 10, or 12 amino
acids.20

Modification of cyclic peptides with macromolecules31−35

has shown that functionality and pseudocontrol over nanotube
length can be imparted onto the cyclic peptide−polymer
nanotubes without having to alter the amino acid constitution.
There are two strategies that can be employed to create cyclic
peptide−polymer conjugates. The divergent approach, by
which the polymer chains are grafted from the cyclic peptide,
offers a single synthesis step to produce cyclic peptide−polymer
conjugates but does not permit easy access to the controlled
molecular weight, dispersity (Mw/Mn), and grafting density of
the polymer chains attached to the cyclic peptide. Conversely,
the convergent approach, by which premade polymer chains are
attached to the cyclic peptide, is a more versatile methodology
since cyclic peptide and polymer can be individually
characterized prior to conjugation and self-assembly.
Scheme 1 depicts the convergent approach that was

employed to create a library of cyclic peptide−polymer
conjugates. This library was designed to establish which
polymer structures had the propensity to partition into

Scheme 1. Convergent Synthesis Approach for the Production of Cyclic Peptide−Polymer Conjugates
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phospholipid bilayers. The envisioned conjugates consisted of a
series of hydrophobic and hydrophilic polymers (11−20)
ligated to a central cyclic peptide moiety (2). The polymers
were synthesized via reversible addition−fragmentation chain
transfer (RAFT) polymerization36−38 using an N-hydroxysucci-
nimidyl 2-propionic acid butyl trithiocarbonate (NHS-PABTC)
chain transfer agent.39 As Table 1 reveals, all polymers
synthesized had low dispersity values and the number-average
molecular weight determined from 1H NMR was in good
agreement with values obtained by size exclusion chromatog-
raphy (SEC). Furthermore, 1H NMR spectra demonstrated
that the protons corresponding to the succinimidyl group
remained after polymer purification, which provides evidence
that the active ester remained intact. More notably, the peaks in

the 1H NMR spectrum corresponding to the succinimidyl
protons of poly(t-butyl acrylate) (11) and poly(n-butyl
acrylate) (12) remained after precipitation of these polymers
was performed in a mixture of water and methanol, suggesting
strong resilience of the active ester in the presence of weak
(hydroxyl) nucleophiles (see Supporting Information Figure S1
and S2, respectively). Further support for the resilience of the
α-chain end succinimidyl active ester in the presence of
multiple hydroxyl groups was evident from 1H NMR analysis of
purified poly(2-hydroxyethyl acrylate)s 16 and 17 (see Figure
S3).
The protected linear peptide precursor (1) was synthesized

by Fmoc-solid phase peptide synthesis (Figures S4 and S5).
After cleavage from the chlorotrityl resin, the linear peptide was

Table 1. Polymerization Conditions and Molecular Weight Analysis of the Polymers Synthesized

at-Butyl acrylate (3), n-butyl acrylate (4), 2-ethylhexyl acrylate (5), N-hexyl acrylamide (6), lauryl acrylate (7), 2-hydroxyethyl acrylate (8), 4-
acryloylmorpholine (9), N-isopropylacrylamide (10). bConversion (x) determined by 1H NMR. cTheoretical number-average molecular weight
obtained using Mn,th = MCTA + [M]/[CTA]·MMonomer·x.

dDegree of polymerization obtained using DP = (Mn,th − MCTA)/MMonomer.
eNumber-

average molecular weight and dispersity from DMF SEC relative to polystyrene standards. fNumber-average molecular weight and degree of
polymerization determined using the α-chain end succinimidyl group. gNumber-average molecular weight and dispersity from THF SEC relative to
polystyrene standards.

Figure 1. Cyclic peptide−polymer conjugates can exhibit different modes of phospholipid bilayer disruption in the form of (a) unimeric channels or
(b) barrel staves or (c) as a carpet-like bilayer disruption.
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cyclized. The structures of the Boc-protected and Boc-
deprotected cyclic peptides (1a and 2, respectively) were
confirmed using 1H NMR and distortionless enhancement by
polarization transfer-edited heteronuclear single quantum
coherence (DEPT-ed-HSQC) NMR spectroscopy (Figures
S6−S9). Ultimately, a library of conjugates (21−30) was
generated through the ligation of succinimidyl-ester α-
terminated polymers with cyclic peptide 2, which contains
two lysine handles, in the presence of N-methyl morpholine.
Purification of the conjugates was achieved using preparative
size exclusion chromatography to remove the excess
succinimidyl-ester terminated polymer required for the
conjugation reaction (see Figures S10 and S11).
Formation and Elucidation of Transbilayer Channels.

As depicted in Figure 1, the different types of transbilayer
channels formed by the cyclic peptide−polymer conjugates may
consist of (i) unimeric channels, (ii) barrel staves oligomers, or
(iii) carpet-like bilayer disruption. As multiple modes of bilayer
channel formation are feasible, fluorescence spectroscopy was
used to assess the actual type of channel formed by the different
cyclic peptide−polymer conjugates presented in this report. To
this end, a series of assays that follow the changes in
fluorescence intensity of fluorescent dyes upon bilayer pore
formation was utilized.40 To establish the size of the pore,
calcein-entrapped and 5(6)-carboxyfluorescein-entrapped LUV
assays were performed. The calcein-entrapped LUVs were used
to determine whether the conjugates form a barrel stave or
disrupt the phospholipid bilayer via a carpet-like interaction
(Figure 1b and c). Calcein dye leakage through the barrel stave
or carpet-like disrupted bilayer causes a decrease in self-
quenching and leads to an increase in fluorescence emission
(Figure S12). If no calcein dye leakage from the LUVs
occurred, thereby discounting the formation of barrel staves or
carpet-like bilayer disruption, a 5(6)-carboxyfluorescein-en-
trapped LUVs assay was used to establish the presence of
unimeric channels (Figure 1a). The pH-responsive fluorescent
dye 5(6)-carboxyfluorescein has a strong emission at neutral
pH but a weak emission in acidic pH.41 The formation of
unimeric channels upon addition of the conjugates can be
tested by establishing a pH gradient across the phospholipid
bilayer, whereby the internal LUV environment consists of
phosphate buffer at pH 5.8 and the external environment

consists of a phosphate buffer at pH 7.4. Formation of unimeric
channels in the phospholipid bilayer results in the collapse of
the pH gradient through the efflux of protons and causes the
5(6)-carboxyfluorescein emission intensity to increase (Figure
S12).42

In order to assess the type of channels formed as depicted in
Figure 1, LUVs consisting of egg yolk phosphatidylcholine were
produced via the extrusion of the lipid-containing solution
through a 100 nm pore size polycarbonate membrane. The
fluorescence of these dye-entrapped LUVs was monitored and
included a ∼70 s baseline after which a sample of conjugate was
added followed by the addition of Triton X-100 at ∼300 s,
which causes lysis of the phospholipid LUVs and enables the
normalization of data relative to the maximum fluorescence
emission. The samples were prepared as stock solutions in
dimethyl sulfoxide (DMSO) from which an aliquot was added
to the cuvette containing the LUVs in phosphate buffered
aqueous solution yielding a final concentration of 19.6 μM in
<2% DMSO. As shown in Figure 2a, addition of hydrophobic
conjugates 21−25 to the LUVs caused less than 1% calcein dye
leakage consistent with the absence of barrel staves or carpet-
like bilayer disruption. Furthermore, no adverse fluorescence
increase consistent with vesicle lysis was observed, suggesting
that the conjugates do not induce nonspecific phospholipid
interactions. However, assessment of unimeric channel
formation using 5(6)-carboxyfluorescein-entrapped LUVs
revealed that the pH gradient across the phospholipid bilayer
subsided in the presence of 19.6 μM of the hydrophobic
conjugates 21−25 (Figure 2b). Furthermore, the unconjugated
polymers (11−20) do not cause calcein dye leakage and do not
cause significant collapse of the pH gradient across the
phospholipid bilayer demonstrating that the cyclic peptide
moiety is required for transbilayer channel transport of protons
(Figure S13).
The phospholipid bilayer partitioning activity seems to follow

a trend that depends on the lipophilicity. Conjugate 25 which
has a poly(lauryl acrylate) shell exhibits a 71% change in 5(6)-
carboxyfluorescein emission, while conjugate 21, which has a
poly(t-butyl acrylate) shell, exhibits only a marginal change in
5(6)-carboxyfluorescein emission (10%). As shown in Table 2,
comparison of the logP values (a measure of the lipophilicity of
the conjugates) based on the monomer structure obtained by

Figure 2. Bilayer activity of 19.6 μM hydrophobic conjugates using (a) calcein-entrapped LUVs made from egg yolk phosphatidylcholine
demonstrating the absence of barrel staves and carpet-like bilayer disruption and (b) 5(6)-carboxyfluorescein-entrapped LUVs made from egg yolk
phosphatidylcholine demonstrating the presence of unimeric channels per LUV. The sample (40 μL of 1 mM stock solution) is added to the solution
containing LUVs (2 mL) at (i) ∼70 s followed by (ii) Triton X-100 (40 μL of 1% w/v) at ∼300 s.
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the XlogP3 computational algorithm43,44 revealed a trend
between lipophilicity and the percentage change in 5(6)-
carboxyfluorescein emission. Expressing the trend observed for
the cyclic peptides modified with hydrophobic polymers in
terms of percentage change in 5(6)-carboxyfluorescein
emission (Δf) revealed the order 25 > 24 > 23 > 22 ≫ 21.
In comparison, the calculated logP values followed a similar
trend 25 > 23 > 24 ≈ 22 > 21, which can be attributed to
differences in lipophilicity between the monomer and polymers
as well as the slight differences in degree of polymerization of
the polymers attached to the cyclic peptide. Closer inspection
of the LUV sample with conjugate 23 revealed that
precipitation was taking place and led to a reduction in
fluorescence after a rapid initial increase (Figure 2). Thus, a
lower than expected change in fluorescence observed for

conjugate 23 might be due to precipitation, a process that the
logP calculation does not take in to account. Branched
structures have been known to exhibit a higher partitioning
in phospholipid bilayers than their nonbranched counterparts45

and also exhibit limited solubility in aqueous solutions,46 which
may explain why the observed changes in fluorescence do not
follow exactly the same trend as the logP values (conjugate 23
contains a branched polymer side chain, whereas 24 and 25
have nonbranched polymer side chains). Previous studies have
shown that modifying tryptophan to glutamine residues,16 as
well as replacing homotryptophan with homoleucine residues18

in cyclic peptides, eradicates phospholipid bilayer partitioning,
although an elaborate study on the effect on bilayer partitioning
of cyclic peptides that vary in the degree of lipophilicity is still
lacking. Given that in the present system, the cyclic peptide
core was not altered, the structure of the polymeric chains
clearly has a significant effect on the membrane partitioning of
these conjugates.
Having established that cyclic peptide−polymer conjugates

consisting of a hydrophobic shell partition into phospholipid
bilayers and form well-defined single channels, the role of
lipophilicity was compared to cyclic peptide−polymer con-
jugates consisting of a hydrophilic shell. A series of conjugates
were prepared through the ligation of hydrophilic polymers
poly(2-hydroxyethyl acrylate)s 16 and 17, poly(4-acryloylmor-
pholine) 18, and poly(N-isopropylacrylamide) 19 and 20 to the
cyclic peptide (Scheme 1). The solubility of the constituent
polymers of conjugates 26−30 in a range of organic solvents
including aprotic solvents (e.g., 16−20 in DMF and DMSO)
and nonpolar solvents (e.g., 18−20 in toluene and chloroform)
suggested compatibility with phospholipid bilayers. Thus,
despite these conjugates being classified as “hydrophilic”,
minimal channel formation in LUV bilayers was expected. As
shown in Figure 3a, the hydrophilic cyclic peptide−polymer
conjugates did not form barrel staves or cause bilayer disruption
and is consistent with the observations made with the
hydrophobic conjugates 21−25.
Despite the apparent hydrophilicity of the polymer chains of

conjugates 26−30, unimeric channel formation still occurs
(Figure 3b), albeit to a much lesser extent than for the
hydrophobic conjugates 21−25. Presumably, the nonhydro-

Table 2. Structure−Phospholipid Bilayer Partitioning
Activity of the Hydrophilic and Hydrophobic Cyclic
Peptide−Polymer Conjugates

conjugate polymer precursora XlogP3b (−) Δfc (%)

Hydrophobic Conjugates
21 poly(t-butyl acrylate)31 11 1.69 10.0
22 poly(n-butyl acrylate)42 12 2.36 48.0
23 poly(2-ethylhexyl acrylate)38 13 3.83 57.0
24 poly(N-hexyl acrylamide)58 14 2.47 64.5
25 poly(lauryl acrylate)29 15 6.17 71.0

Hydrophilic Conjugates
26 poly(2-hydroxyethyl acrylate)31 16 −0.21 9.0
27 poly(2-hydroxyethyl acrylate)94 17 −0.21 3.0
28 poly(4-acryloylmorpholine)37 18 −0.06 6.0
29 poly(N-isopropylacrylamide)48 19 0.93 12.8
30 poly(N-isopropylacrylamide)95 20 0.93 0.0

aPolymer ligated to the cyclic peptide using the α-chain end NHS
chemistry. The subscripts denote the degree of polymerization
determined using the α-chain end succinimidyl group. blogP
calculation according to a training set of 8199 compounds according
to Cheng et al.43 To aid simplicity of the computation, the XlogP3
values were calculated using chemical structures of the monomers and
therefore do not take into account the degree of polymerization of the
polymers. cPercentage change in 5(6)-carboxyfluorescein emission at
280 s relative to LUV lysis at 22 °C.

Figure 3. Bilayer activity of 19.6 μM hydrophilic conjugates using (a) calcein-entrapped LUVs made from egg yolk phosphatidylcholine
demonstrating the absence of barrel staves and carpet-like bilayer disruption and (b) 5(6)-carboxyfluorescein-entrapped LUVs made from egg yolk
phosphatidylcholine demonstrating the presence of a small number of unimeric channels per LUV. The sample (40 μL of 1 mM stock) is added to
the solution containing LUVs (2 mL) at (i) ∼70 s followed by (ii) Triton X-100 (40 μL of 1% w/v) at ∼300 s.
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philic parts of the polymer, e.g., the aliphatic carbons, still
induce partitioning into a lipid bilayer. In addition, the
molecular weight of the polymers ligated to the cyclic peptide
also has a profound effect on unimeric channel formation. As
Table 2 reveals, cyclic peptide−poly(2-hydroxyethyl acrylate)
conjugate 26 yielded a higher change in fluorescence emission
than conjugate 27. This phospholipid partitioning effect
corroborates well with the limited solubility of small chain
poly(2-hydroxyethyl acrylate) conjugates in water reported
elsewhere47 and thus implies that conjugates with short chain
“hydrophilic” polymers ligated have a greater degree of
lipophilicity than their long chain polymer conjugate counter-
parts. Nevertheless, the low degree of lipophilicity of the
hydrophilic conjugates results in far less effective single channel
formation in phospholipid bilayers than that observed for
hydrophobic conjugates. Furthermore, the hydrophilic poly-
mers 16−20 did not result in calcein dye release or lead to
5(6)-carboxyfluorescein fluorescence emission and thus did not
exhibit any pore formation in phospholipid bilayers (Figure
S14). These results suggest that the cyclic peptide is an
essential component of unimeric channel formation providing a
direct transport route for the diffusion of protons from the
LUV interior into the external medium.
Attempts to characterize the assembly of the cyclic peptide−

polymer conjugates in intact LUV bilayers using Fourier
transform infrared spectroscopy did not yield fruitful results
due to two main issues. First, the separation of the LUVs
containing unimeric channels from the unpartitioned cyclic
peptide−polymer nanotubes using a Sephadex column proved
challenging as the LUVs and cyclic peptide−polymer nano-
tubes coelute. Second, the characterization after subtraction of
LUVs in the absence of cyclic peptide−polymer conjugates was
inconclusive as the carbonyl stretch frequency derived from the
acrylate/acrylamide polymer side chain as well as O−H bend
frequency overlapped with the cyclic peptide amide I stretch
that is characteristic for β-sheet (typically observed at ∼1630
cm−1). In addition, the N−H stretch (typically observed at
∼3270 cm−1) with cyclic peptide16 and cyclic peptide−polymer
nanotubes39,48 overlaps with the broad O−H signal due to the
presence of water, making it impossible to determine the

presence of hydrogen bonding as well as the distance between
the cyclic peptide stacks.

Thermoresponsive Channel Formation. Artificial trans-
membrane channels could offer a route that circumvents the
conventional modes of ion or molecule transport by forming a
direct path and thus leading to minimal disruption to the
integrity of phospholipid bilayers. Application of these artificial
transmembrane channels on cells could prove beneficial over
other methods for enabling compounds to pass the cell surface
membrane such as electroporation,49 sonoporation,50 or
magnetofection,51 or via carrier nanoparticles.52 Furthermore,
Singhal et al., demonstrated that subcellular environments
probed with a multiwalled carbon nanotube mounted on a glass
pipet displaced less cellular material and induced less stress
than conventional glass pipettes leading to a lower rate of cell
fatality.53 Besides hypothetically causing less cellular stress, the
artificial transmembrane channels presented here could find
potential as drug delivery transporters since endocytosis of the
drug is avoided and lysosomal/endosomal escape mechanisms
are not required to induce drug efficacy.52 While cyclic
peptide−polymer conjugates consisting of hydrophobic poly-
mers partition in phospholipid bilayers and form well-defined
channels (vide supra), the system lacks control as well as
specificity. A temperature-induced system such as “thermal
gating”54 was envisioned which permits localized, on-demand
phospholipid partitioning and channel formation triggered by
tuning of the temperature. Besides forming an interesting tool
to study and modulate ion flux across bilayers, these stimuli-
responsive materials could spark interest in controlled drug
delivery via hyperthermia.55

Conjugates consisting of a PNIPAAm shell were used to
create the temperature-induced transbilayer channels. PNI-
PAAm exhibits a lower critical solution temperature (LCST) at
∼32 °C at which the water-soluble polymer becomes
hydrophobic (or lipophilic). Despite the lower solubility of
conjugate 29, which consisted of a PNIPAAm48 shell, an LCST
transition was evident at 25 °C (Figure S15). Conversely,
conjugate 30, which consisted of a PNIPAAm95 shell was fully
soluble at room temperature and exhibited an LCST at 28 °C
(Figure S15). Using small angle neutron scattering (SANS), the
apparent difference in solubility in aqueous buffer was ascribed

Figure 4. Temperature dependence on self-assembly of cyclic peptide−poly(N-isopropylacrylamide) conjugates in D2O:DMSO-d6 (9:1 v/v). (a)
Small angle neutron scattering of cyclic peptide−poly(NIPAAm)48 conjugate 29. (b) Small angle neutron scattering of cyclic peptide−
poly(NIPAAm)95 conjugate 30. The scattering profiles for 10 and 20 °C are fit using a core−shell cylinder model. Scattering profiles of 30 and 40 °C
cannot be fit using a cylinder-type model.
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to a thicker PNIPAAm shell of conjugate 30 compared to
conjugate 29, which shields the solvent from interactions with
the cyclic peptide core (Table S1). Similar to observations
made by Chapman et al.,48 the longer, more flexible polymers
on conjugate 30 provide better shielding of the cyclic peptide
core from the competitive aqueous solvent than smaller, rigid
polymers on conjugate 29. As shown in Figure 4, the SANS
scattering profiles of the PNIPAAm conjugates 29 and 30 fit
well to a core−shell cylinder model at temperatures below the
LCST with nanotube lengths between 30 and 70 nm. An abrupt
change in scattering profiles obtained at 30 °C indicates that
the nanotube structures are not retained at and above the
LCST. The q−4 dependency at low scattering vectors observed
at and above the LCST is indicative of precipitation consistent
with typical behavior of hydrophobic species in aqueous
solutions. In addition, the abrupt change in structure which

demonstrates that the nanotubes disassemble at the LCST is
consistent with earlier work performed with thermoresponsive
cyclic peptide−poly(2-ethyl-2-oxazoline) conjugates in which
large spherical microparticles and precipitates were obtained
above the LCST.56

Besides becoming lipophilic above the LCST, we anticipated
that the PNIPAAm conjugates would retain the nanotubular
structures due to favorable van der Waals interactions with
phospholipid chains present in the bilayer of the LUVs.
Incubation of the conjugates with 5(6)-carboxyfluorescein-
entrapped LUVs made from egg yolk phosphatidylcholine at
room temperature (22 °C) resulted in a change in fluorescence
emission that was consistent with other hydrophilic conjugates
shown in Figure 3 (vide supra). As was observed for conjugates
26 and 27, the shorter polymer chains of 29 resulted in a higher
change in fluorescence emission than the cyclic peptide−

Figure 5. Effect of temperature on fluorescence of 5(6)-carboxyfluorescein-entrapped in LUVs made from egg yolk phosphatidylcholine in the
presence of (a) 19.6 μM cyclic peptide−poly(NIPAAm)48 conjugate 29 and (b) 19.6 μM cyclic peptide−poly(NIPAAm)95 conjugate 30. The sample
is added at (i) ∼70 s followed by (ii) Triton X-100 at ∼300 s. (c) Proton efflux from LUVs incubated with 19.6 μM conjugates as a function of
temperature. (d) Illustration of well-defined unimeric channels formed upon heating the solution up to an intermediate temperature of 35 °C in the
presence of LUVs.
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PNIPAAm95 conjugate 30 upon incubation with 5(6)-
carboxyfluorescein-entrapped LUVs. As shown in Figure 5,
raising the temperature to 35 °C gave a ∼34% and ∼70% rise in
fluorescence emission, respectively (Table 3), as conjugates 29

and 30 became highly lipophilic. While stark differences in
fluorescence change could be attributed to a lower initial
solubility (and thus greater lipophilicity) of conjugate 29 in
aqueous solutions, the fluorescence overshoot followed by a
relaxation observed after the addition of conjugate 30 to the
solution containing LUVs demonstrated that the turbidity of
the sample overwhelmed the fluorescence emission (Figure
5b). Furthermore, addition of Triton X-100 did not lead to
100% fluorescence emission, which suggests that the 5(6)-
carboxyfluorescein is interlocked as a part of the precipitate
containing conjugate 30. The role of the core cyclic peptide
moiety as the central channel moiety was established through
control experiments in which PNIPAAm polymers 19 and 20
caused no changes in fluorescence emission upon addition to
5(6)-carboxyfluorescein-entrapped LUVs at 20 and 35 °C
(Figure S16). As Figure 5a and b demonstrates, a further
increase in temperature to 43 °C followed by the addition of
conjugates 29 and 30 resulted in a further increase in
fluorescence emission confirming proton efflux. However, at
43 °C, incubation of the polymer precursors 19 and 20 also
resulted in uncontrolled proton efflux, which suggests that in
the presence of PNIPAAm precipitates the phospholipid bilayer
integrity of the LUVs is perturbed (Figure S16). The disruption
of the LUVs is consistent with studies of PNIPAAm bound
liposomes containing doxorubicin, which suggested that the
temperature-induced coil-to-globule transition of the attached
PNIPAAm caused bilayer disruption.57 Furthermore, despite
the reversibility of the polymer LCST behavior in the absence
of LUVs (Figure S15), reversing the temperature in the
presence of LUVs did not result in resuspension of the
precipitates obtained from mixing LUVs with conjugates 29
and 30 at high temperatures. The LCST profile of the
conjugates was also confirmed through incubation with 5(6)-
carboxyfluorescein-entrapped LUVs followed by heating the
solution, which confirms that controlled phospholipid bilayer
channel formation can be achieved using temperature as an
external stimulus (Figure 5c). Despite the loss of control of
well-defined phospholipid channel formation at 43 °C,
temperature induced unimeric channel formation can still be
achieved with conjugates ligated to PNIPAAm at an
intermediate temperature of 35 °C (Figure 5d).

■ CONCLUSIONS
In this contribution, the potential of cyclic peptide−polymer
nanotubes is exploited as versatile, supramolecular entities that
can form well-defined channels in phospholipid bilayers. The
ligation of synthetic polymers to a cyclic peptide was performed
via an easy and simple active-ester conjugation strategy, which
permitted the modulation of the nanotube properties post-
assembly without the need to design and synthesize a new
cyclic peptide. By combining a conjugate library consisting of a
single cyclic peptide core with polymer shells consisting of
either hydrophobic or hydrophilic polymers with a series of
large unilamellar vesicle assays, a structure−channel formation
relationship was established. The knowledge gained from this
relationship permitted the creation of a novel temperature
responsive system based on poly(N-isopropylacrylamide)
conjugates that for the first time allowed on-demand control
over transbilayer channel formation. These thermoresponsive
channels can provide new insights for the creation of direct
transport links between the cytosol and the extracellular media.
Furthermore, these direct transbilayer transport links can be
envisioned as a valuable tool for devising localized, hyper-
thermic drug delivery that does not lead to endocytic uptake
and circumvents the requirement for the drugs to undergo
endosomal/lysosomal escape mechanisms to enable drug
efficacy.
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